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Abstract: Self-assembly of fluorenylmethoxycarbonyl-pro-
tected diphenylalanine (FmocFF) in water is widely known
to produce hydrogels. Typically, confocal microscopy is
used to visualize such hydrogels under wet conditions,
that is, without freezing or drying. However, key aspects
of hydrogels like fiber diameter, network morphology and
mesh size are sub-diffraction limited features and cannot
be visualized effectively using this approach. In this work,
we show that it is possible to image FmocFF hydrogels by
Points Accumulation for Imaging in Nanoscale Topography
(PAINT) in native conditions and without direct gel label-
ling. We demonstrate that the fiber network can be visual-
ized with improved resolution (&50 nm) both in 2D and
3D. Quantitative information is extracted such as mesh size
and fiber diameter. This method can complement the exist-
ing characterization tools for hydrogels and provide useful
information supporting the design of new materials.
Gels formed by the self-assembly of small molecules are of
considerable interest in a range of fields.[1] Such gels are
formed by the self-assembly of the gelator molecules into
nanostructures such as fibres, nanotubes or helical fibres.[1a] At
a suitable concentration, these structures entangle or other-
wise cross-link to form a network. In practice, assuming the ge-
lator is stable, it is relatively easy to prepare gels using ap-
proaches such as heating and cooling, adjusting the pH of the
solution or the addition of a salt. In all cases, these methods
work by providing one regime where the gelator is solubilised
or dispersed and then a second regime where the solubility is
much lower and hence the self-assembly is favoured.
The mechanical and chemical properties of the gels that are
formed depend on many parameters of the underlining net-
work structure such as fibre persistence length, type and
number of crosslinks and the network geometry.[2] Being able
to measure these parameters is crucial in understanding gel
formation and it is key for the rational design of improved
structures.
Typically, many aspects of these gels are determined by mi-
croscopy techniques such as transmission electron microscopy
(TEM), scanning electron microscopy (SEM) or atomic force mi-
croscopy (AFM). Whilst powerful, there are some limitations re-
lated to these techniques. Drying of the gels is needed in most
cases, which typically means that at best a 2D representation
of the 3D network is imaged. On top of this, it is known that
drying the gels can lead to changes to the self-assembled
structures and networks, meaning that the images do not rep-
resent the native gels.[1e, 3] Methods such as freeze-drying have
been used to remove the solvent(s) in a less invasive manner,
but still result in the perturbation of the native structure. Cryo-
TEM can be used without the need for drying, but sample
preparation requires that thin films are used (typically 300 nm
or less),[4] which again means that it is hard to be sure that the
3D structure of the gel has not been perturbed.
Spectroscopic techniques such as small angle X-ray scatter-
ing (SAXS) and small angle neutron scattering (SANS) can be
used to probe the self-assembled structures without the need
for drying.[5] These methods allow the structures that underpin
the gels to be determined, typically by fitting the scattering
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profile to a model. Whilst effective, the length scale probed
(typically <100 nm) represents a limitation in obtaining a full
picture of the gel structure. Longer length scales can be ac-
cessed by moving to ultra-small angle scattering (USAXS or
USANS), but there is little information available currently and
limited models to understand how the observed scattering
links to a particular type of network.
Moreover, these techniques are ensemble methods and fail
to provide information about structure spatial heterogeneity.
Confocal microscopy can overcome several of these issues.[6]
This technique allows the microstructure to be determined,
and it can show how the properties of different gels correlate
with how the self-assembled nanofibers are organized in space
(the microstructure).[7] One of the main issues here is the spa-
tial resolution that hampers the observations of features below
250–300 nm. Super-resolution microscopy techniques are be-
coming progressively accessible and allow an increase in reso-
lution whilst maintaining some of the advantages of confocal
imaging. Recently, several reports show the potential of super-
resolution imaging to unveil the nanoscale structural and func-
tional features of materials.[8] In the hydrogels field, these tech-
niques are very appealing allowing to measure gel nanostruc-
ture in the solvated state.[8a] For example, Hamachi and co-
workers used Stimulated Emission Depletion (STED) microsco-
py for in situ visualization of self-sorted supramolecular
fibres.[9] STED allows for fast and multicolour imaging; howev-
er, structures must be pre-labelled which potentially affects the
supramolecular structure and the very high illumination power
needed can create artefacts due to local heating or photo-
crosslinking.
In the present article, we develop a single molecule localiza-
tion microscopy (SMLM) method based on Points Accumula-
tion for Imaging in Nanoscale Topography (PAINT) for hydro-
gels imaging. Our method allows us to image hydrogels with a
resolution down to tens of nanometres without the need of
direct labelling (e.g. without needing to synthesize a dye-modi-
fied hydrogelator). We show here the potential to measure the
geometry and organization in 2D and 3D of the hydrogels and
to obtain key parameters such as mesh size and fibre diameter.
As a first proof-of-principle, we applied PAINT to a widely used
family of hydrogelators, Fmoc-protected short peptides.
Gels formed by the self-assembly of short peptides are a
thriving field.[10] Hydrogels can be formed from a wide range
of different oligopeptides, including dipeptides.[10b, 11] Perhaps
the most widely known dipeptide can form hydrogels is diphe-
nylalanine protected at the N-terminus with the fluorenylme-
thoxycarbonyl group (FmocFF, Figure 1 a).[12] Gels can be
formed from FmocFF in a variety of ways, including adding
water to a solution of FmocFF in a solvent such as DMSO or
hexafluoroisopropanol,[12b] adjusting the pH of a solution from
around 10 to around 4,[13] or adding a calcium salt to a solution
at pH 10.[14] Gels formed from FmocFF have been used for
many applications including 3D cell culturing,[13, 15] controlled
release,[12b] in biocatalysis[16] and for biomineralization.[17] De-
spite the interest in this material, there is a limited understand-
ing as to how the gel properties are related to the underlying
network. Here, we report the first super-resolution microscopy
study of this important material. Gels were prepared by adding
water to a solution of FmocFF in DMSO.[12b, 18] Using this ap-
proach, gels were prepared at final ratios of DMSO to water of
20:80 (i.e. 20 % DMSO), 30:70 (30 % DMSO) and 40:60 (40 %
DMSO) and a final concentration of FmocFF of 1-1.5 mg mL@1
(Figure 1 b). These gels showed rheological data typical of such
low molecular weight gels. The storage modulus (G’) and the
loss modulus (G’’) are relatively independent of frequency. The
gels break at <10 % strain as is typical, with the gels formed at
20 % DMSO being slightly stiffer than those formed at 40 %
DMSO (Figure 1 c).
Next, gels were imaged by confocal microscopy by incorpo-
rating Nile Blue as a staining agent as previously described
(Figure 2 a and 2b).[18] The gels are formed by domains of fi-
Figure 1. (a) Chemical structures of (left) FmocFF and (right) Cy5FF; (b) Pho-
tographs of gels formed at (left) 20 % DMSO and (right) 40 % DMSO. The
scale bar is 1 cm; (c) Strain sweeps for gels formed in 20 % DMSO (black
data) and 40 % DMSO (red data). In both cases, G’ is shown by full symbols
and G’’ by empty symbols. Error bars calculated from standard deviation of
three measurements at 25 8C.
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brous structures as can qualitatively visualised by diffraction-
limited microscopy. Such spherulitic domains are expected
from previous data.[18–19]
Moreover, the nature of the fibrous structures making up
the domains was probed using small angle neutron scattering
(Figure 2 c). The scattering data fit best to a flexible elliptical
cylinder model combined with a power law to take into ac-
count the scattering at low Q (see Supporting Information for
full fitting parameters). The scattering from gels at both ratios
of DMSO:water give very similar parameters from the
fits to the data, implying that the underlying struc-
tures are the same in both cases. The fits imply that
the flexible elliptical cylinders have a radius of
3.3 nm, an axis ratio of 2.2, a Kuhn length of 8.9 nm,
and lengths of >100 nm. The scattering at low Q can
be interpreted as being due to the scattering from
the network. The data can also be fitted to a flexible
cylinder with a power law, but in this case, it is neces-
sary to include a significant polydispersity in the
radius (0.3) to access a reasonable fit and, even then,
the fit is not as good as to the flexible elliptical cylin-
der model.
The SANS data are informative as to the primary
underlying structures that lead to the gel network.
However, it is very difficult to understand the net-
work from these data, with there simply being a con-
tribution from the network that we take into account using a
power law. To better understand the network, we turned to
super-resolution microscopy. Here, we used PAINT, a single
molecule localization technique where free probes bind rever-
sibly to the structure of study, allowing for the precise localiza-
tion of the binding events (Figure 3 a).[20] We chose Cy5FF (Fig-
ure 1 a) as a PAINT probe as it had been reported to reversibly
bind and unbind from the FF assemblies.[21] By this means, we
avoided labelling permanently the monomers, eliminating a
potential impact in the final network structure as well as avoid-
ing photobleaching effects during acquisition. Notably the
choice of a PAINT probe is crucial as the binding and unbind-
ing kinetic constant have to be finely tuned to allow the probe
to bind long enough to accumulate significant signal but to
achieve individual emitters localization without signal overload.
Figure 3 b shows a representative image of the FmocFF gel
structure imaged by PAINT.
In Figure 3 b, we compare a low-resolution image where the
gel features remain unresolved with a PAINT image of the
same field. The improved resolution allows for a better direct
visualization of the fibre network, showing the potential of this
technique to study some key features of gels. The thinner
fibres observed by PAINT have a diameter of &50 nm, that is
close to the limit of resolution of this technique in ideal cases
(&10 nm). The drift during the imaging process (movement of
imaging stage or sample holder) and the movement of gel
scaffold (vibration) are the most challenging concerns lowering
the resolution. We applied a drift correction to minimize the
first effect, while it is not possible to correct inner movements
of the gel. This explains the larger diameter observed in com-
parison with SANS measurements. Figure 3 c shows a zoom in
of three separated fibres converging together and separating
again after. The diameter of the fibres 3, 4 and 5 is 59.3:6.0,
63.7:9.4 and 70.8:6.6 nm in diameter while the cross-link or
entanglement diameter of 1 is 187.4:21.3 nm. Interestingly,
the sum of the three diameters (3 + 4 + 5), 193.8 nm, is very
close to the measured value of the cross-link/entanglement.
This may indicate that the fibres entangle or bundle together,
summing the diameters of the fibres. If instead we had a
single fibre branching, the diameter should remain essentially
Figure 2. (a) Confocal microscope image of a gel formed at 20 % DMSO;
(b) Confocal microscope image of a gel formed at 40 % DMSO; (c) Scattering
pattern (open circles) and fit (solid lines) for gels formed at 20 % DMSO
(black and red data) and 40 % DMSO (blue and pink data). For (a) and (b),
the scale bar represents 20 mm.
Figure 3. (a) A cartoon showing how PAINT works. The probe (red circle) can reversibly
bind to the fibres (blue shapes). When they are bound, they fluoresce and can be
imaged; (b) low resolution (right) vs. PAINT image (left). Scale bar top image represents
5 mm. Scale bar bottom image represents 2.5 mm; (c) Magnification of a crossed fibre.
Scale bar represents 200 nm. Image correspond to FmocFF 1.5 mg mL@1, 40 % DMSO,
20 nm Cy5FF representing the 1.78 V 10@4 mol %. The numbers represent the different
points at which the diameter of the fibre was measured.
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constant. Fibers bundling and separating again is a feature
that only microscopy can discriminate, although a better fitting
of small angle scattering techniques could complement it.
Another parameter that can be obtained with our method is
the mesh size, one of the factors affecting the physical proper-
ties of the gel. Indirect methods have been developed to de-
termine mesh size, for example using diffusion measurements
by Fluorescence Recovery After Photobleaching (FRAP),[22] NMR
spectroscopy[23] or diffusion measurements.[24] The mesh size
can also be determined from rheological properties assuming
key information such as fibre persistence length are known.[25]
However, in all of these cases, it is common to assume that the
mesh size is relatively uniform. PAINT is the only technique
able to directly image hole units of the network. In Figure 4 a,
we show how PAINT images can be processed to obtain the
size distribution of the mesh holes. With a partially automated
image analysis routine (see Supporting Information), we mea-
sured the areas between the fibres, summing a total of 5,608
meshes, and plotting a histogram (see Figure 4 c). The histo-
gram shows two populations, one more frequent of very small
mesh sizes (between 20–40 nm2), and another one very broad
representing larger areas. Interestingly, the small size popula-
tion has been reported before by other techniques like micro-
rheology,[22, 23, 26] however it is not the case for the big size pop-
ulation. Generally, a single mesh size is assumed for hydrogels,
although in such entangled fibre systems it would be expected
that the mesh size is polydisperse.
As a bulk material, it is of real interest not only to study the
2D characteristics, but also the 3D properties. For these rea-
sons, we performed 3D super-resolution images of these net-
works using astigmatism Point Spread Function (PSF) shaping.
In Figures 4 b and 4d, 3D images of the hydrogel surface can
be observed. Fibres in different planes can be perfectly ob-
served in a region of 41 mm V 41 mm V 1.85 mm. Notably imag-
ing the bulk of the gel in depth is difficult with this method.
First, imaging in depth is limited with HiLo illumination to few
microns. Moreover, the limited diffusion of the Cy5FF makes
very slow the imaging of the less accessible areas of the gel.
Improved optics solutions (e.g. adaptive optics) and more effi-
cient probes (that better balance gel diffusion with binding)
represents future improvements of the technique.
In conclusion, we have developed a PAINT method to image
hydrogels in native conditions both in 2D and 3D. Due to the
improvement in resolution of this method, we were able to
quantify fibre diameter, distribution and the mesh size of the
hydrogels network. This work paves the way towards the use
of super-resolution imaging for gel characterization offering a
powerful tool to complement the existing analysis methods. In
particular we envision super-resolution microscopy to be very
useful in combination with scattering methods. Where the en-
semble scattering techniques can obtain quantitative data on
the gel features, methods like PAINT will offer a direct visualiza-
tion of the network and provide information of the spatial het-
erogeneity of important feature such as mesh size. The combi-
nation of multiple techniques, with their own advantages and
disadvantages, will be key to achieve a complete understand-
ing of hydrogels networks and formation and their impact in
their mechanical properties.
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